Cell Culture Protocols
1. General Considerations for Biological Work
Sterility, consistency and organization are of the utmost concern when working with biological samples, as
chance contamination can very quickly spread to an entire laboratory and cross-contamination between
samples is a very real concern. Accordingly, the following points should always be kept in mind:
•
•
•

•

•

•

Gloves and lab coats should be worn at all times, and hands should be thoroughly washed before and
after working.
Gloved hands should be decontaminated with ethanol any time they are exposed to a non-sterile
surface, or removed from/introduced to the biosafety cabinet.
The biosafety cabinet (BSC) is considered an isolated zone. Everything except for live cells should be
decontaminated with 70% ethanol before entering the hood and similarly decontaminated when
removed from the hood.
The incubator must be maintained in as clean as possible of an environment. It is not possible for it to
remain sterile, but any spills must be immediately cleaned, and should be avoided at all costs, as
decontamination of the incubator is extremely time intensive.
Cells must be clearly labeled at all times with the cell line and the name of the experimenter, as well as
the passage and date. Any non-labeled cells will be bleached and discarded to minimize the threat of
contamination.
All work in the biosafety cabinet should be done slowly and carefully. Cell culture is not a process that
can be rushed, and fast movements risk the generation of aerosols that can easily contaminate the
cabinet and working space. More than enough time should be allotted for any procedure at hand.

2. Working in a Biosafety Cabinet
2.1 Biosafety Cabinet Setup & Functionality
The Centers for Disease Control divide Biosafety cabinets into classes by intended usage. Common for nonpathogenic tissue culture is a Class II, Type A2 BSC, which exhausts into the room via a HEPA filter. Separate
from a laminar flow hood, in which the samples are isolated from the exterior via a laminar flow behind the sash
and a fume hood, in which room air is drawn in to protect the user from the interior of the hood, a Class II BSC
combines both effects, with a laminar flow protecting the samples from the exterior (maintaining sterility) and a
lower interior pressure drawing room air in to the front grille along with the interior flow to prevent escape of
particles into the room. Proper functioning of the BSC is dependent on not blocking or disturbing the airflow. A
full breakdown of the types and use of Biosafety Cabinets can be found in “Biosafety in Microbiological and
Biomedical Laboratories, 5th Edition” published by the National Institutes of Health and the Centers for Disease
Control. The following points are key to keep in mind when working inside a biosafety cabinet:
•
•

Prior to any work in the biosafety cabinet, it must be properly decontaminated.
After finishing work in the hood and properly removing (and decontaminating) all equipment, repeat the
above decontamination procedure.

•
•
•

All work in the hood must be inside the sterile zone created by the laminar flow at the sash opening. No
equipment should pass outside of the grille area at the front of the hood.
Any equipment passing into the laminar flow zone over the grille should be removed and
decontaminated with 70% ethanol before returning to the hood.
Any time your hands pass into the laminar flow zone over the grille or are removed from the hood, you
should remove them entirely, and decontaminate with 70% ethanol.

2.1.1 Decontamination of a Biosafety Cabinet
The following protocol for decontamination of a biosafety cabinet should be followed before and after every
use.
1. Raise the sash to the appropriate mark, and wait for the airflow to stabilize.
2. Spray the entire inside of the hood, including all instruments, with 70% ethanol, and wipe dry.
3. If the hood is equipped with a working UV lamp, turn on and allow 30 minutes (with sash closed) for
decontamination.
2.2 Lab and Waste Decontamination
In addition to the protocols for routine decontamination of the BSC, there are other protocols for less frequent
decontamination procedures, as well as for the proper treatment and disposal of biohazardous waste.
•
•
•
•

•

•

The interior of the BSC should be cleaned approximately ever 1000 hours of use. To clean, remove base
of BSC, and thoroughly clean base and interior with 70% ethanol to decontaminate.
The interior of the incubator should be cleaned as necessary- cells must not be exposed to ethanol
fumes. High temperature decontamination can be used according to the manufacturer’s procedures.
The water basin of the incubator must have copper sulfate added to stop bacterial and fungal growth at
a concentration of 0.5 g / 2 L.
The waste collection flask of the aspirator must be treated regularly with bleach. The empty flask when
starting should have approximately 300 mL of 10% chlorine bleach solution. After each use,
approximately 100 mL of 100% bleach should be added. The waste should remain colorless. Color
indicates insufficient bleach was added to fully decontaminate the waste, and more should be added.
When 70% full, 200-300 mL of concentrated chlorine bleach should be added, and allowed to sit for 15
minutes to decontaminate. After 15-30 minutes, it is safe to wash down the lab sink with copious
amounts of water.
Solid waste only should be placed in the biohazard waste. Any material that has come from inside the
BSC or contacted cells or biological material must be placed in the biohazardous waste for disposal.
o The exception is any material containing other hazards (i.e., chemical or radiological), in which
case disposal is treated on a case-by-case basis. No chemical hazards should go into the
biohazardous waste trash cans, as these can be harmful during autoclaving.

3. Human Cell Culture- Selecting and Maintaining Live Cells
3.1 Cell Culture Media

A growth media contains the basic amino acids, vitamins and fuel a cell line needs to grow, and can be further
supplemented with particular nutrients necessary to a given cell line or experiment. The most common
supplement is Fetal Bovine Serum (FBS), which provides many of the growth factors, hormones and serum
proteins necessary to supplement and support cell growth. While FBS was historically inactivated by heating to
56 °C for 30 minutes, that was prior to effective micro-filtration methods. Modern FBS is collected under very
high quality conditions and triple filtered using 0.1 micron filters, which remove most contaminants.
Additionally, each batch is individually tested for endotoxin presence. Heat inactivation not only removes
potential toxins, but it denatures many of the beneficial proteins and growth factors- some irreversibly.
Accordingly, media used in this lab is not heat inactivated. Fetal Bovine Serum should be thawed at 4 °C (to
prevent shearing of serum proteins by ice crystals) when received from the manufacturer, and split into 50 mL
aliquots that are immediately frozen and stored at -40 °C.
A basic culture medium that is appropriate for most mammalian cell lines is Eagle’s Minimum Essential Medium
(EMEM) that contains inorganic salts (CaCl2, MgSO4, KCl, NaHCO3, NaCl, NaH2PO4•H2O) amino acids, vitamins
(Choline, Folic Acid, myo-Inositol, Nicotinamide, D-Pantothenic Acid, Pyridoxine, Riboflavin, Thiamine), and is
frequently substituted with D-Glucose and Sodium Pyruvate. A common derivative is Dulbecco’s Modified
EMEM (DMEM), which contains a slightly different array of amino acids, and increased vitamins and salts. Both
are commonly substituted with phenol red, a pH indicator, which allows visible determination of the “health” of
the medium.
The common cell lines used in this lab have been acclimated to DMEM with glutamine and sodium pyruvate
supplemented with 10% by volume Fetal Bovine Serum (FBS) and 1% penicillin/streptomycin (P/S, antibiotics).
For sensitive experiments with minimal chance of contamination, medium without antibiotics may be used. All
media is aliquoted into 50 mL centrifuge tubes and dated. Only one should be opened at a time to prevent any
cross-contamination. A protocol for preparing a 500 mL batch of media is presented below.
3.1.1 Protocol for Preparing DMEM/10% FBS/1% P/S
1. Base DMEM should be stored sterile at 4 °C until needed. FBS and P/S should be stored at -40 °C.
2. Prior to preparing media, a 50 mL FBS aliquot and 5 mL P/S aliquot should be placed in the 4 °C
refrigerator and allowed to thaw slowly over the course of several days.
3. A 500 mL bottle of DMEM, along with the thawed FBS and P/S should be placed in a freshly
decontaminated BSC, along with 11 sterile, empty 50 mL tubes, 1 5 mL pipette, 3 50 mL pipettes and 1
electronic pipette aid.
4. One tube should be labeled with “DMEM” and the other 10 with “DMEM/10% FBS/1% P/S”. All tubes
should be labeled with the date and the initials of the preparer.
5. Using one of the 50 mL pipettes, remove 55 mL of media from the bottle of DMEM, and place it in the
centrifuge tube labeled “DMEM”.
6. Using the same pipette, transfer the 50 mL of FBS to the DMEM bottle.
7. Using the 5 mL pipette, transfer the 5 mL of P/S to the DMEM bottle.
8. Mix the stock well, then transfer 50 mL to each of the 10 labeled centrifuge tubes.
9. Wrap the cap of each tube with a strip of parafilm, and place the aliquoted prepared media at 4 °C until
used.

3.2 Cell Lines In Use
There are two cell lines currently used in the lab, both of which are considered adherent cells. This means that
the cells attach to a flat surface (for e.g., a cell culture plate) when they are healthy and not overgrown.
MCF7 (ATCC HTB-22), a hormone dependent breast cancer cell line initially collected by the Michigan Cancer
Foundation. (http://www.atcc.org/products/all/HTB-22.aspx
MDA-MB-231 (ATCC HTB-26), a hormone independent breast cancer cell line initially collected by MD Anderson.
(http://www.atcc.org/Products/All/HTB-26.aspx)

Figure 1: Phase contrast images of MCF-7 cells 0-4 days post seeding, showing morphology and growth rate.
MCF-7 cells display a typical epithelial morphology with tight cell-cell junctions. MDA-MB-231 cells are
considered epithelial cells, but have undergone a transition to a mesenchymal morphology typically found in
stem cells and metastatic cancers. Importantly, this epithelial to mesenchymal transition (EMT) is reversible,
frequently through the use of anti-metastatic agents or extracellular protease inhibitors. MCF-7 and MDA-MB231 cells come from cancers, and as such are immortal. Figures B1 and B2 show standard phase contrast
microscope images of MCF-7 and MDA-MB-231 cells at 0-4 days post-seeding, respectively.

Figure 2: Phase contrast images of MDA-MB-231 cells 0-4 days post seeding, showing morphology and growth
rate.
3.3 Cell Growth & Maintaining Live Cells
Following seeding of cells onto the plate surface, they follow a
semi-logarithmic growth function relative to cell density (Figure
B3). Initially, growth is slow as the cells adhere to the plate and
adjust to the medium (the lag phase). As the cells spread, they
experience exponential growth as they expand into the open
regions of the plate (the log phase). When the cells either use up
the nutrients in the medium, or the available free space, growth
slows or ceases entirely (the plateau phase). For adherent
mammalian cells, this is largely due to contact inhibition when
the cells reach confluence, or a fully covered monolayer on the
plate surface. For the health and consistent behavior of cells, they
are kept in a log phase by splitting, or subculturing, the cells.
Subculturing is when a small portion of the growing cells are
detached prior to confluence, and transferred them to a new
plate to continue growing. Each subculture (also called passaging,

Figure 3: Representation of cell growth over
time following initial seeding at 104 cells.

or splitting) is referred to as a passage, which allows a determination of the age of the cell line from first
collection or first seeding from a frozen stock. To minimize transfer shock (the initial lag phase) of the cells,
ideally subculture takes place just before confluence is reached. The confluence of the plate can be judged by
the percent coverage in a field of vision on the microscope, from initial plating (10-20%) to full confluence
(100%). 85-95% (as indicated to the right) is an ideal time for subculture.
To subculture adherent cells, they need to be cleaved from the plate and suspended in media, for which a dilute
solution of the protease Trypsin is used. Trypsin inactivates itself quickly even at 4 °C, and as such is aliquoted in
3 mL quantities, and stored at -20 °C until needed.
For long term storage, cell stocks can be stored in media supplemented with 10% DMSO (a cryoprotectant), and
frozen. The freezing must be slow and constant (-1 °C per minute) down to -80 °C. The frozen cells can be stored
in a -80 °C freezer for up to 6 months with no degradation, or suspended above liquid nitrogen in a
cryopreservation apparatus for longer term storage. When recovering cells from frozen, care must be taken to
thaw the cells rapidly (in less than a few minutes) to avoid toxicity from DMSO at room temperature.
3.4 Counting Cells
While cells can be passaged using proportional splits from a
confluent population, it does not yield the most accurate and
repeatable time-based cell growth, as there are always slight
variations in the number of cells. Accordingly, for experimental
accuracy, cells are plated out at a known number per well or per
volume. Suspended cells are counted by means of a
hemocytometer, which has a defined volume area defined by
grids etched in a slide (Figure B4). Each corner of the grid used for
counting (shown in red) is a total of 1 mm2 in area and 0.1mm
deep, so the cells counted from that region are in a volume of 0.1
mm3, or 0.1 uL. Since suspension is not always perfectly equal,
counting each of the four quadrants and then averaging the cells
gives the most accurate total. This average can be multiplied by
104 to get the average number of cells per mL. Different cells have
different growth rates, and different average initial seeding
amounts, but this can be experimentally determined by plating at
different amounts, and following cell growth over several days.
Typical plating numbers for MCF-7 cells for a variety of plate sizes
are given in Table 1.

Figure 4: Diagram of grids on a
hemocytometer. Each corner 4x4 grid in red
has a defined area and volume that can be
used to determine the concentration of
cells in a sample.

3.4.1 Cell Counting Protocol
1. Ensure cells are well suspended.
2. Using a micropipette, remove 10 uL of cell suspension from centrifuge tube inside BSC.
3. Insert 10 uL of that cell suspension into the groove for specimen insertion, while holding coverslip in
place.
4. Count the number of cells in each corner quadrant (Figure B2, in red)

5. Choose before starting to count cells overlapping either right & top, or left & bottom only. Do not count
cells touching the other two sides.
6. Average the cell count from the four quadrants.
7. Multiply the cell count by 104 to get the number of cells per mL of suspension.
Table 1: Approximate plating ranges for MCF-7 cells in particular sizes of plates.
Plate Size

Number of Cells
2

6

100 mm round plate (60.8 cm )

1.2 x 10 cells/plate

2

5

6-Well Plate (9.8 cm )

1.5 x 10 cells/well

2

12-Well Plate (3.9 cm )
4-Well Chambered Coverslip (1.7 cm )

10 mL
2 mL

4

1 mL

4

0.75 mL

8 x 10 cells/well
2

Working Volume

2 x 10 cells/well

4. Common Cell Culture Protocols
4.1 Passaging Protocol
Materials Needed:
• Electronic Pipettor (pipette aid)
• Clean plate (100 mm, round) to seed cells into
• Media (DMEM/10%FBS/1%P/S)
• 0.25% Trypsin/EDTA Solution
• Phosphate Buffered Saline (PBS)
• 2x 10 mL Sterile Pipettes
• 2x 5 mL Sterile Pipettes
• 1x Plastic Pasteur Pipette
• Sharpie
• Tube Rack
Setting Up the Hood:
1. Check cells for confluency (sample images are provided for MDA-MB-231 and MCF7 cells at the end of
this document).
2. Decontaminate the BSC, as indicated in section 2.
3. Turn on the dry bath, and ensure that the temperature is set to 37 °C.
4. Place the sealed and parafilmed tubes of media and trypsin in the dry bath for approximately 30
minutes, until warm.
5. Open the sash on the BSC, and allow the airflow to stabilize.
6. Decontaminate the interior of the hood with 70% ethanol, and wipe dry.
7. Turn on the aspirating pump, and decontaminate the tubing with ethanol before threading into the BSC.
8. Take all of the materials indicated in above, and decontaminate each with ethanol before placing in the
hood.

a. For the cell culture plate, the sleeve containing the plates should be decontaminated, and only
opened while in the hood. A single plate can be removed, the sleeve closed, and the rest taken
out.
b. Remove and discard the parafilm from the media, PBS and trypsin and discard into the
biohazard waste.
c. Place the large end of the Pasteur pipette into the aspirator tubing.
9. Carefully remove your plate of cells from the incubator, and place in the center of the working space in
the BSC.
a. Remember to decontaminate your hands before retrieving the cells from the incubator, as well
as before working in the hood, after you’ve put the cells in.
Splitting Your Cells:
1. Aspirate the media from the cells, being careful not to touch the base of the plate where the cells are
growing.
2. Using a 5 mL pipette, add 2-3 mL of room temperature PBS to the plate, and swirl gently to rinse.
a. The PBS can be added along the side wall of the plate, but should not be directly added to the
growing cells, as the force of addition can wash cells off the plate, causing them to be lost.
3. Aspirate the PBS from the plate.
4. Using a 5 mL pipette, add 1 mL of warm 0.25% Trypsin/EDTA solution to the plate, and tilt to cover the
entire surface.
a. This can be added directly to the plate, as its purpose is to remove the cells.
5. Place the plate with trypsin into the incubator, and start a timer for 3 minutes.
a. While slightly active at low temperatures, the protease activity sharply increases at 37 °C.
6. While waiting for detachment, label the new plate with the cell line, passage number, and split ratio
along with your initials and the date.
7. Cell splits are according to ratio- a 1:5 split adds 2 mL of the growing cell suspension to 8 mL of fresh
media, a 1:20 adds 0.5 mL to 9.5 mL. Subculture ratios are determined by the growth rate of the cells.
a. MCF7 should be passaged approximately every 4 days, with a subculture ratio of 1:5
b. MDA-MB-231 should be passaged approximately every 4 days with a subculture ratio of 1:10
c. HEK-293 should be passaged approximately every 3 days with a subculture ratio of 1:10-1:20.
8. Using a 10 mL pipette, add the appropriate amount of warm, fresh media to the new plate. Swirl to
ensure the bottom is entirely covered, and no air bubbles are present.
a. If air bubbles are present, they should be carefully removed with the aspirator.
9. After 3 minutes, remove the trypsinized cells from the incubator- tilting the plate should show detached
cells flowing across the bottom.
10. Using a 10 mL pipette, add 9 mL of fresh warm media to the plate of trypsinized cells. The serum
proteins in the FBS will quench the trypsin. During the addition, tilt the plate and use the media to wash
the cells to one end.
11. To break up any clumps, mix the solution with the pipette by pulling the solution up and down through
the tip. This process is called triturating. Be careful not to pull air into the pipette, to minimize bubbles in
the solution.

12. When the solution is well mixed, add the appropriate amount of the cell suspension to the media in the
new plate. To ensure thorough mixing, the media can be taken up into the pipette with the cells, and
then triturated into the new plate. Finally, rock the plate gently to ensure even seeding across the entire
surface.
a. If the cells are not evenly dispersed, they will grow in clumps that will reach confluence before
the plate as a whole does, causing uneven cell growth.
13. Check the initial seeding with the microscope, and if they are well dispersed, place the new plate in the
incubator.
Cleaning Up:
1. To clean up, re-parafilm solutions, aspirate the remaining cell suspension from the old plate into the
bleach solution, and throw away any waste (including empty tubes, plates and pipettes/wrappers) into
the biohazard waste.
2. Decontaminate every item (other than waste) as it is removed and returned to its proper place.
3. Decontaminate the BSC, as indicated in section 2.1.1.
4. Check cells daily to determine when the next passage should be made.
4.2 Plate Seeding (From Counted Cells)
This protocol follows directly from splitting cells normally. Instead of discarding the unused suspended cells,
they are counted and used to seed experimental multiwall plates. For details of splitting steps, see the
subculturing protocol.
Materials Needed:
• Electronic Pipettor (pipette aid)
• 1000 uL Micropipette
• 10 uL Micropipette
• Media (DMEM/10%FBS/1%P/S)
• 0.25% Trypsin/EDTA Solution
• Phosphate Buffered Saline (PBS)
• Clean plate (12 well or 6 well multiplate) to seed cells into
• 2x 5 mL Sterile Centrifuge Tubes
• 1x 15 mL Sterile Centrifuge Tube
• 2x 10 mL Sterile Pipettes
• 2x 5 mL Sterile Pipettes
• 1 Box Sterile, Barrier 1000 uL Tips
• 1 Box Sterile, Barrier 10 uL Tips
• 1x Plastic Pasteur Pipette
• Hemocytometer & coverslip
• Sharpie
• Tube Rack
Setting Up The Hood:

1. Check cells for confluency (sample images are provided for MDA-MB-231 and MCF7 cells at the end of
this document).
2. Decontaminate the BSC, as indicated in section 2.
3. Turn on the dry bath, and ensure that the temperature is set to 37 °C.
4. Place the sealed and parafilmed tubes of media and trypsin in the dry bath for approximately 30
minutes, until warm.
5. Open the sash on the BSC, and allow the airflow to stabilize.
6. Decontaminate the interior of the hood with 70% ethanol, and wipe dry.
7. Turn on the aspirating pump, and decontaminate the tubing with ethanol before threading into the BSC.
8. Take all of the materials indicated above except for the hemocytometer, and decontaminate each with
ethanol before placing in the hood.
9. Carefully remove your plate of cells from the incubator, and place in the center of the working space in
the BSC.
Splitting Cells, as normal:
1. Aspirate the media from the cells, being careful not to touch the base of the plate where the cells are
growing.
2. Using a 5 mL pipette, add 2-3 mL of room temperature PBS to the plate, and swirl gently to rinse.
3. Aspirate the PBS from the plate.
4. Using a 5 mL pipette, add 1 mL of warm 0.25% Trypsin/EDTA solution to the plate, and tilt to cover the
entire surface.
5. Place the plate with trypsin into the incubator, and start a timer for 3 minutes.
6. While waiting for detachment, label the new plate as well as the two 5 mL centrifuge tubes.
7. Using a 10 mL pipette, add the appropriate amount of warm, fresh media to the new plate.
8. After 3 minutes, remove the trypsinized cells from the incubator.
9. Using a 10 mL pipette, add 9 mL of fresh warm media to the plate of trypsinized cells, wash and triturate
10. When the solution is well mixed, add the appropriate amount of the cell suspension to the media in the
new plate.
11. Split the remaining cell suspension into two equal portions, and add each to one of the labeled 5 mL
centrifuge tubes.
12. Check the initial seeding of your new plate and place in the incubator.
Separating, Counting & Seeding Cells:
1. Place the two 5 mL Centrifuge tubes with suspended cells in the centrifuge balanced against one
another, and close the lid.
2. Set the speed to 3k RPM, and the time to 5 minutes, and start the centrifuge.
a. Cells must be pelleted at a low speed to prevent membrane rupture.
3. Clean the hemocytometer with 70 % ethanol and dry carefully with a chemwipe.
4. Place the coverslip over one of the two counting grids, balanced on either side, with an opening in the
groove for the pipette tip (see Figure 4, section 5 for more details).
5. Remove tubes from centrifuge, decontaminate with ethanol, and place in hood.
6. Aspirate media carefully from tubes, ensuring pelleted cells are not disturbed.

7. Add 2 mL of fresh, warm media to each tube, triturating to mix. Combine cell suspension in one tube.
8. Invert gently to mix, remove 10 uL of cell suspension.
9. Carefully remove micropipette with cell suspension from the hood, and insert the tip into the
hemocytometer groove.
10. Gently depress micropipette plunger, dispensing cell suspension evenly over the marked grid.
11. Under 10x magnification on the microscope, find the grids shown in Figure 5.
12. Count the number of cells in each quadrant.
13. Multiply the average number of cells by 104 to determine the number of cells per mL.
14. Dilute cells to the appropriate plating density in 15 mL centrifuge tube with fresh media, mix gently, and
add to multiwall plate.
15. Check under microscope to ensure even distribution.
a. Multiwall plates have a tendency to be slightly concave in the center, so care must be taken that
cells do not cluster and are evenly spread.
Cleaning Up:
1. To clean up, re-parafilm solutions, aspirate the remaining cell suspension from the centrifuge tubes, and
throw away any waste (including empty tubes, plates and pipettes/wrappers) into the biohazard waste.
2. Decontaminate every item (other than waste) as it is removed and returned to its proper place.
3. Decontaminate the BSC, as indicated in section 2.1.1.
4.3 Freezing Cells for Long Term Storage:
For long term storage of cell lines, cells must be trypsinized and stored in a media supplemented with DMSO,
before being frozen. The protocol given is for one plate of cells, but typically more than one at a time will be
frozen down to create a stock of frozen cells of a given line.
Materials Needed (per plate of cells):
• Electronic Pipettor (pipette aid)
• 1000 uL Micropipette
• Media (DMEM/10%FBS/1%P/S)
• Freezing Media (DMEM/10%FBS/1%PS + 10% DMSO)
• 0.25% Trypsin/EDTA Solution
• Phosphate Buffered Saline (PBS)
• 1.7 mL Cryovials
• 2x 15 mL Sterile Centrifuge Tubes
• 2x 10 mL Sterile Pipettes
• 2x 5 mL Sterile Pipettes
• 1 Box Sterile, Barrier 1000 uL Tips
• 1x Plastic Pasteur Pipette
• Cell Freezer, at room temperature.
• Sharpie
• Tube Rack

Setting Up The Hood:
1. Check cells for confluency (sample images are provided for MDA-MB-231 and MCF7 cells at the end of
this document).
2. Decontaminate the BSC, as indicated in section 2.
3. Turn on the dry bath, and ensure that the temperature is set to 37 °C.
4. Place the sealed and parafilmed tubes of media and trypsin in the dry bath for approximately 30
minutes, until warm.
5. Open the sash on the BSC, and allow the airflow to stabilize.
6. Decontaminate the interior of the hood with 70% ethanol, and wipe dry.
7. Turn on the aspirating pump, and decontaminate the tubing with ethanol before threading into the BSC.
8. Take all of the materials indicated above except for the cell freezer, and decontaminate each with
ethanol before placing in the hood.
9. Carefully remove your plate of cells from the incubator, and place in the center of the working space in
the BSC.
Splitting Cells:
1. Aspirate the media from the cells, being careful not to touch the base of the plate where the cells are
growing.
2. Using a 5 mL pipette, add 2-3 mL of room temperature PBS to the plate, and swirl gently to rinse.
3. Aspirate the PBS from the plate.
4. Using a 5 mL pipette, add 1 mL of warm 0.25% Trypsin/EDTA solution to the plate, and tilt to cover the
entire surface.
5. Place the plate with trypsin into the incubator, and start a timer for 3 minutes.
6. While waiting for detachment, label one centrifuge tube with the cell line, and the other as a blank.
7. Using a 10 mL pipette, add 10 mL PBS to the blank tube.
8. After 3 minutes, remove the trypsinized cells from the incubator.
9. Using a 10 mL pipette, add 9 mL warm, fresh media to the trypsinized cells and triturate.
10. Add the suspended cells to the labeled 15 mL centrifuge tube.
11. Place both the cells and blank tube in the centrifuge, set it to 3k RPM for 5 minutes.
12. While the cells are being pelleted, label cryovials with the cell line and passage number. You will need to
fill every hole in the cell freezer with either cells or blank vials with 1 mL of DMSO containing media.
Prepare any blanks you will need, each plate will yield 2 1 mL volumes of suspended cells.
13. Remove the pelleted cells from the centrifuge, and aspirate off media, being careful not to disturb the
cells.
14. Add 2 mL of 10% DMSO supplemented media to the cells, and triturate until well suspended.
15. Transfer 1 mL of suspended cells to each labeled cryovial.
16. Place cell suspensions and blanks into the holes in the room temperature cell freezer, close the lid, and
place it in a -80 °C Freezer for 24 hours.
17. After 24 hours, frozen cell stocks can be transferred to a cryobox for long term storage at either -80 °C
or a liquid nitrogen storage dewar.
Cleaning Up:

1. To clean up, re-parafilm solutions, aspirate the remaining cell suspension from the centrifuge tubes, and
throw away any waste (including empty tubes, plates and pipettes/wrappers) into the biohazard waste.
2. Decontaminate every item (other than waste) as it is removed and returned to its proper place.
3. Decontaminate the BSC, as indicated in section 2.1.1.
4.4 Thawing & Seeding Frozen Cells:
Growing cells from frozen is a common practice to “re-start” a cell line, or to start a new cell line obtained from
outside of the lab. Frozen cells must be thawed quickly to avoid toxicity from the cryoprotectant at higher
temperatures (usually DMSO). If needed, cells can be pelleted and the media exchanged before seeding, but it is
usually more effective to seed the cells at a relatively high density, and exchange the media once they have
adhered (12-24 hours after seeding).
Materials Needed:
• Electronic Pipettor (pipette aid)
• Clean plate (100 mm, round) to seed cells into
• Media (DMEM/10%FBS/1%P/S)
• 0.25% Trypsin/EDTA Solution
• Phosphate Buffered Saline (PBS)
• 2x 10 mL Sterile Pipettes
• 2x 5 mL Sterile Pipettes
• 15 mL centrifuge tube
• 1x Plastic Pasteur Pipette
• Sharpie
• Tube Rack
• Dry ice in clean tub
Setting Up The Hood:
1. Check cells for confluency (sample images are provided for MDA-MB-231 and MCF7 cells at the end of
this document).
2. Decontaminate the BSC, as indicated in section 2.
3. Turn on the dry bath, and ensure that the temperature is set to 37 °C.
4. Place the sealed and parafilmed tubes of media and trypsin in the dry bath for approximately 30
minutes, until warm.
5. Open the sash on the BSC, and allow the airflow to stabilize.
6. Decontaminate the interior of the hood with 70% ethanol, and wipe dry.
7. Turn on the aspirating pump, and decontaminate the tubing with ethanol before threading into the BSC.
8. Take all of the materials indicated above except for the dry ice, and decontaminate each with ethanol
before placing in the hood.
Thawing & Seeding Cells
1. Place frozen cell stock on dry ice outside of BSC until ready to use.
2. Add 9 mL warm media to 15 mL centrifuge tube.
3. Quickly thaw cells by warming in hands until ice just disappears.

4. Using a 5 mL pipette, take up all of the cell suspension from the cryovial, and add it to the warm media.
Triturate to mix.
5. Using a 10 mL pipette, add the cell suspension to the center of the new, labeled, plate.
6. Swirl gently to distribute.
7. Check cells under microscope for even distribution, and place in incubator.
Cleaning Up:
1. To clean up, re-parafilm solutions, aspirate the remaining cell suspension from the centrifuge tubes, and
throw away any waste (including empty tubes, plates and pipettes/wrappers) into the biohazard waste.
2. Decontaminate every item (other than waste) as it is removed and returned to its proper place.
3. Decontaminate the BSC, as indicated in section 2.1.1.
Cell Growth from Seeding:
1. The cells should be checked every day for growth.
2. Growth will be slower than continually passaged cells, as they acclimate to the new media.
3. Only 50% or less of cells survive cryostorage, so a number of dead, non-adherent cells will be visible.
4. When confluence reaches ~80%, split as normal, discarding any dead or non-adherent cells.

